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Single-molecule methods have become widely used for 
quantifying the conformational heterogeneity and structural 
dynamics of biomolecules in vitro. Their application in vivo, 
however, has remained challenging owing to shortcomings in 
the design and reproducible delivery of labeled molecules, 
the range of applicable analysis methods, and suboptimal 
cell culture conditions. By addressing these limitations in 
an integrated approach, we demonstrate the feasibility of 
probing protein dynamics from milliseconds down to the 
nanosecond regime in live eukaryotic cells with confocal 
single-molecule Förster resonance energy transfer (FRET) 
spectroscopy. We illustrate the versatility of the approach 
by determining the dimensions and submicrosecond chain 
dynamics of an intrinsically disordered protein; by detecting 
even subtle changes in the temperature dependence of 
protein stability, including in-cell cold denaturation; and 
by quantifying the folding dynamics of a small protein. The 
methodology opens possibilities for assessing the effect 
of the cellular environment on biomolecular conformation, 
dynamics and function.

Advances in methodology are making it gradually more feasible 
to investigate biomolecular processes in their native cellular envi-
ronment. The ultimate goal is to reach quantitative molecular 
understanding with the same rigor as in test-tube experiments. 
Owing to its sensitivity, fluorescence has become particularly 
popular—especially with the broad availability of fluorescent 
proteins1—for investigating cellular localization, biomolecular 
interactions2, and protein stability and folding dynamics3 in  
living cells. This sensitivity has enabled the use of single-molecule  
tracking4,5, intracellular fluorescence correlation spectros-
copy (FCS)6, and image correlation methods7 for investigating 
molecular diffusion and transport processes. Super-resolution 
methods now enable localization and dynamic imaging below 
the diffraction limit in live cells8,9. In prokaryotic cells, sub-
stantial progress has recently been reported for single-molecule 
detection in vivo, including the investigation of stochasticity in 
gene expression10 and the mechanisms of DNA replication11 and 
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repair12, for example, in combination with electroporation of 
labeled molecules13. The first single-molecule FRET experiments 
for detecting conformational changes of proteins in live eukaryo-
tic cells have also been reported14. However, in spite of these 
advances, the use of single-molecule spectroscopy for resolving 
the subnanometer conformational changes of biomolecules and 
especially the wide range of relevant timescales has remained 
challenging in vivo.

This challenge largely originates from the multifactorial 
requirements for successful in-cell single-molecule measure-
ments, such as (i) the cellular host system needs to be prepared 
in a fashion that minimizes autofluorescence; (ii) suitable  
excitation wavelengths and FRET dyes are needed that  
optimize molecular brightness of the sample compared to  
cellular background; (iii) the sample needs to be delivered  
into the cell in a targeted and reproducible fashion at the  
low concentrations suitable for single-molecule detection;  
(iv) measurements must follow sample delivery promptly enough 
to allow the dynamics of cellular targeting and localization  
to be followed and to avoid intracellular sample degradation; 
(v) intact cellular activity must be preserved and controlled  
for; (vi) both immobile and freely diffusing molecules should 
be detectable; and (vii) data analysis must make optimal use  
of the limited reservoir of molecules per cell to enable access  
to submillisecond timescales.

Here we show that with an integrated approach optimizing the 
points listed above, a surprisingly broad spectrum of confocal 
single-molecule FRET and nanosecond FCS methods that have 
previously been limited to in vitro experiments15–18 could be used 
in live eukaryotic cells. As a result, even small conformational 
changes of protein molecules and conformational dynamics down 
to the nanosecond range became accessible in in-cell experiments. 
To illustrate the potential of the methodology, we investigated, in 
live cells, (i) the conformational distributions and nanosecond 
dynamics of an intrinsically disordered protein (IDP); (ii) the 
changes in the temperature-dependent conformational stability of 
a protein, including its cold denaturation; and (iii) the millisecond 
kinetics of a protein-folding reaction.
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RESULTS
In-cell confocal single-molecule FRET spectroscopy
Among the main considerations for performing intracellular 
single-molecule spectroscopy are, one, the reduction of cellular  
autofluorescence to a level that does not interfere with single-
molecule detection and, two, the targeted application of labeled 
molecules into cells5,10,19. Autofluorescence in the visible 
wavelength range tends to decrease with increasing excitation  
wavelength20, and above ~520 nm, autofluorescence of many 
cell lines is already sufficiently low. We chose to work with  
recombinantly produced proteins labeled via thiol-maleimide 
chemistry with organic fluorophores—in this case, Atto 532 in 
combination with three different acceptors: Biotium CF680R, 
Atto 647N and Abberior Star 635 (Online Methods).

We chose microinjection2,5,14 for the targeted introduction of 
FRET-labeled proteins into cultured eukaryotic cells. Compared 
to transfection techniques such as scrape-loading21, electropo-
ration22 and cell-penetrating peptides23, microinjection offered 
the best control and reproducibility of the amount of protein 
applied; it enabled the shortest delay between protein application 
and measurement and is compatible with fluorescence detection 
directly after injection; it preserved cell adherence, which avoids 

problems with positional drift of the cells during measurements; 
and it creates the opportunity to inject molecules selectively 
into different cellular compartments. Microinjection enabled 
the reproducible introduction of sample concentrations in the 
picomolar to low nanomolar range, with cell viability extending 
far beyond the required observation times (Online Methods and 
Supplementary Fig. 1).

Measurements comprised the following iterative steps. First, we 
performed a reference measurement in the extracellular medium 
by placing the tip of the injection needle close to the confocal 
observation volume and ejecting several pulses of sample into free 
solution. Fluorescence bursts from molecules diffusing through 
the laser focus allowed us to confirm the integrity of the sam-
ple and functionality of the microinjection system. Analysis of 
these data permitted direct comparison of the conformational 
and dynamic properties of the labeled protein outside and inside 
a cell. In the next step, we injected a suitable amount of protein 
into a cell. The intracellular distribution of the labeled protein 
could then be monitored by a confocal sample scan (Fig. 1 and 
Supplementary Fig. 2). Because we used single-photon count-
ing in combination with pulsed excitation, fluorescence lifetime 
imaging microscopy24 (FLIM) could be employed to differentiate 
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Figure 1 | Single-molecule fluorescence  
measurements in living cells. (a) Schematic  
of confocal single-molecule FRET studies of 
fluorescently labeled prothymosin α (ProTα), 
yeast frataxin homolog Yfh1, and IgG-binding 
domain of protein G (GB1) microinjected into 
adherent HeLa cells. (b) Fluorescence lifetime 
image (overlaid with differential interference 
contrast image) of HeLa cells after cytosolic 
injection of ProTα (injected cells indicated 
by dashed lines); donor fluorescence of ProTα 
exhibits a higher average lifetime (~3.5 ns)  
than the cellular autofluorescence (<3 ns). Circles 
indicate positions of the confocal volume in  
the nucleus (red), cytosol (blue) and extracellular 
medium (black). Scale bar, 10 µm. (c) Fluorescence 
time trace recorded in the cytosol of an injected 
cell. Photobleaching results in a characteristic 
intensity decay (1-s binning). With 1-ms binning, 
fluorescence bursts of donor (green) and  
acceptor (magenta) photons are visible. (d) Donor-
acceptor cross-correlation curves were used to 
compare the translational diffusion of ProTα in 
buffer (τDiff = 0.7 ± 0.1 ms, n = 5), cytosol  
(τDiff = 1.8 ± 0.7 ms, n = 33) and nucleus  
(τDiff = 1.6 ± 0.6 ms, n = 29). (e) Single- 
cell FRET efficiency histograms of ProTα  
in the cytosol and nucleus show a  
single population at 〈E〉 ≈ 0.35, similar  
to measurements in buffer. The shaded  
peak at 〈E〉 ≈ 0 originates from molecules 
lacking an active acceptor chromophore 
(Supplementary Fig. 5). (f) nsFCS  
curves obtained from averaging 51  
cytosolic measurements yield information  
about the chain reconfiguration time of  
ProTα on the submicrosecond timescale  
(gDD, donor-donor correlation; gAD, acceptor-
donor correlation; gAA, acceptor-acceptor 
correlation).
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the emission of the injected sample from cellular autofluores-
cence (Fig. 1b), but imaging based on fluorescence intensity was 
adequate in most cases (Supplementary Fig. 3). We then acquired 
the actual single-molecule measurements by positioning the con-
focal volume at the cellular location of choice—for example, in 
the nucleus or the cytosol. If a fixed position was selected, pre-
dominantly freely diffusing molecules were observed; by slowly 
scanning across the region of interest, a defined volume could be 
probed (Supplementary Fig. 4) and potentially immobile mol-
ecules detected.

In contrast to measurements in vitro, the number of molecules 
available in microinjected cells is limited by the small cell volume. 
Measurements at the ~20–100 pM concentrations required for the 
confocal observation of single molecules were thus restricted to a 
few minutes before all molecules were photobleached. However, 
this time was sufficient for obtaining transfer efficiency histograms 
from single-cell measurements and, thus, assessing potential  
cell-to-cell variation of protein conformation (Fig. 1e). Compared 
to camera-based imaging approaches, whose strength is the  
parallel tracking of many molecules on longer timescales,  
confocal single-molecule detection provides additional  
observables from spectrally and polarization-selective single-
photon counting16, including fluorescence lifetimes (Fig. 1b and 
Supplementary Fig. 5), anisotropies (Supplementary Fig. 6) and, 
most importantly, dynamics in the millisecond range and even 
below6,17,25–27.

Protein diffusivity, structure and conformational dynamics
We first tested the approach with confocal single-molecule meas-
urements of the IDP28,29 prothymosin α (ProTα)28,30 in live cells. 
ProTα is a highly negatively charged protein that does not assume a 
folded structure under any known conditions and whose intramo-
lecular distance distributions and dynamics have previously been 
characterized by single-molecule experiments in vitro31–33. First, 
fluorescence imaging after microinjection of ProTα labeled with 
Atto 532 and Biotium CF680R was used to monitor the intracel-
lular distribution of the labeled protein (Supplementary Fig. 2). 
We quantified translational diffusion by correlating the fluores-
cence signal from the confocal measurements6,26. As expected, 
the intracellular diffusion time of ProTα increased relative to 
the diffusion time of the extracellular medium (Fig. 1d; to a 
similar extent in cytoplasm and nucleus), corresponding to an 
effective intracellular viscosity of 2.8 ± 1.1 mPa s (±s.d. from  

cell-to-cell variability unless otherwise specified; n = 39),  
which is within the range previously reported34.

To quantify the dimensions of the protein, we used the distance 
dependence of intramolecular FRET. From measurements in indi-
vidual cells, we obtained ~200–800 fluorescence bursts within 
the observation time of ~3 min before the majority of injected 
molecules were photobleached. We measured FRET efficiency 
histograms of ProTα with extracellular, cytosolic and nuclear 
localization (Fig. 1e). In all cases, a single population of FRET-
labeled ProTα molecules with similar mean transfer efficiencies, 
〈E〉, was observed. The cell-to-cell variation of 〈E〉 (s.d. = 0.02)  
was only slightly greater than its uncertainty from photon  
statistics (0.01) and close to the difference between cytosolic  
(〈E〉 = 0.34 ± 0.01, n = 8) and nuclear measurements (〈E〉 = 0.35 ± 0.03,  
n = 8). If we use a simple Gaussian chain model32 to estimate 
the radius of gyration, Rg, of intracellular ProTα, we obtain  
3.3 ± 0.1 nm (n = 8) in the cytosol and 3.3 ± 0.2 nm (n = 8) in  
the nucleus, very similar to the value in the extracellular medium 
(3.4 ± 0.1 nm, error propagated from the s.d. of 〈E〉) and to  
previous results in vitro32. The presence of an immobile subpop-
ulation with different conformational properties was excluded 
by scanning over the intracellular region of interest during data 
acquisition (Supplementary Fig. 4).

For ProTα, as for other IDPs, nanosecond FCS (nsFCS) has 
been used to identify the characteristic chain-reconfiguration 
times on the 10- to 100-ns timescale17,31. We injected labeled 
ProTα and averaged the recordings from 51 cells with a total 
acquisition time of 2.5 h. The resulting submicrosecond corre-
lation functions were of sufficient quality for us to discern the 
main features identified in previous in vitro measurements17,25 
(Fig. 1f): the drop of the correlation in the low nanosecond 
range owing to photon antibunching characteristic of single-
molecule detection, as well as photon bunching with a slower 
decay and a time constant of 62 ± 6 ns (s.d. from splitting the 
data into three equal parts) originating from the intramolecular 
distance fluctuations in the IDP. These dynamics, which were 
slightly slower than those measured in vitro (24 ± 4 ns, n = 3  
(15-h measurement each)), were in good agreement with the 
increased intracellular viscosity identified by translational  
diffusion measurements (Fig. 1). The presence of a broad and 
rapidly reconfiguring ensemble of conformations is further  
supported by the dependence of fluorescence lifetimes on  
transfer efficiency (Supplementary Fig. 5).
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Figure 2 | Single-molecule FRET can detect small 
changes in protein conformation within live cells. 
(a) FRET efficiency histograms of ProTα in the 
cytosol of HeLa cells incubated in medium with 
different ionic strengths (the range of donor-only 
signal is shaded in gray). The red dashed line 
indicates the mean transfer efficiency of ProTα 
at I = 50 mM. (b) The collapse of ProTα (shown 
in terms of the radius of gyration, Rg, calculated 
from the transfer efficiencies; Online Methods) 
in the cytosol, nucleus and extracellular buffer. 
The s.d. of Rg for extracellular measurements 
was estimated from the variance of in 
vitro measurements performed on different 
instruments. The error bars for cytosolic and 
nuclear measurements represent the s.d. from 
cell-to-cell variation (Online Methods).
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The notable similarity of the intra- and extracellular behav-
ior of ProTα may raise the question of whether in-cell single-
molecule FRET experiments are sensitive enough to detect small 
changes in conformation. The intramolecular distance distribu-
tions of the highly negatively charged ProTα have previously been 
shown to be very responsive to charge screening with changes 
in ionic strength32,33. We mimicked this situation by increasing 
the extracellular salt concentration, which is expected to lead to 
a transient increase in intracellular ionic strength35. Indeed, the 
resulting decrease in the Rg of intracellular ProTα as derived from 
the transfer efficiencies showed a similar trend to the extracel-
lular behavior (Fig. 2), indicating that even small changes in intra
molecular distances of 0.2–0.3 nm were detectable in cells.

Temperature-dependent intracellular protein stability
Detecting changes in conformational stability in vivo is another 
important aspect for identifying the effect of cellular factors  
on biomolecular behavior3,36,37. We investigated the effect of  
temperature on the conformational properties of the yeast 
homolog of frataxin (Yfh1)38–40. Frataxin exhibits cold dena-
turation in a readily accessible temperature range, i.e., it unfolds 
not only at high temperature but also below ~290 K. We labeled 
the protein with Atto 532 and Abberior Star 635 and developed  
a temperature-controlled stage optimized for cell culture  
observation and microinjection combined with single-molecule 
detection (Supplementary Fig. 7).

Transfer efficiency histograms of labeled frataxin after its  
injection into live cells at different temperatures showed two 
populations with a folded state at 〈E〉 ≈ 0.82 and an unfolded 
state at lower transfer efficiency (Fig. 3). In spite of the lower 
signal-to-noise ratio, the data reflected the behavior observed 
in vitro40 (Supplementary Fig. 8). By extracting the fraction of 

Figure 3 | Temperature dependence of protein 
stability and cold denaturation measured in  
live HeLa cells. (a) Single-molecule FRET  
efficiency histograms of Yfh1 microinjected  
into HeLa cells at different temperatures.  
The peak at 〈E〉 ≈ 0.82 corresponds to folded  
Yfh1; the peak at lower transfer efficiencies  
corresponds to unfolded Yfh1. For details on  
the fitting procedure, see Online Methods.  
(b) The fraction of folded Yfh1 (Ff) shows the 
temperature dependence of the intracellular  
conformational stability of Yfh1 (yellow  
circles), calculated as the ratio of the peak  
area of the folded state and the sum of the  
peak areas of folded and unfolded states (a).  
For comparison, the results of in vitro 
experiments in HBSS (white circles), HBSS  
without Ca2+ and Mg2+ (squares) and sodium 
phosphate, pH 7.0, (triangles) are shown.  
The intracellular temperature dependence  
of Ff was fitted assuming a constant heat  
capacity change of unfolding (dashed line),  
as previously described40. (c) The temperature 
dependence of the radius of gyration  
(Rg; Online Methods) of unfolded Yfh1  
inside HeLa cells (yellow circles) and in  
buffer (HBSS, white circles; HBSS without Ca2+ and Mg2+, squares; sodium phosphate, pH 7.0, triangles). The data points of the in-cell measurements  
in b,c were obtained from the global fit shown in a. Error bars correspond to s.d. estimated by splitting each data set into two and treating Ff or Rg of 
the unfolded population determined from each half as independent measurements.

folded protein from the peak areas, we detected a maximum in 
conformational stability of the protein at ~290 K and a decrease 
at both lower and higher temperatures, corresponding to cold 
and heat denaturation. The behavior was very sensitive to buffer 
conditions, especially to salt concentrations39 (Fig. 3b). In HBSS 
buffer, the stability was at the same level as in cells, pointing 
toward good consistency of this optimized cell culture medium 
with the cellular ion concentrations. Measurements in HBSS 
buffer without Ca2+ and Mg2+ confirmed the pronounced sen-
sitivity of frataxin stability to divalent ions39. The intracellular 
single-molecule measurements of frataxin were consistent with 
the compaction of its unfolded state with increasing temperature 
previously observed in buffer40 (Fig. 3c).

Single-molecule protein-folding kinetics in the cell
Single-molecule spectroscopy enables kinetics to be extracted 
from equilibrium measurements, a quality that is particularly 
valuable in the cell, where the choice of perturbations compat-
ible with cellular homeostasis is very limited. As a model for 
metastable cellular proteins that exhibit equilibrium conforma-
tional interconversion dynamics, we investigated a variant of GB1, 
the IgG-binding domain of protein G labeled with Atto 532 and 
Atto 647N. Its conformational stability and folding kinetics in 
the millisecond range have been well characterized in vitro41 and  
in vivo42. By using a slightly destabilized variant (Online 
Methods), we could populate both folded and unfolded states at 
equilibrium under physiological conditions, as reflected by the 
two peaks in the transfer efficiency histogram at 〈E〉 = 1.00 and 
0.85, respectively (Fig. 4 and Supplementary Fig. 9).

To extract the rate of interconversion between the folded and 
unfolded conformations at equilibrium, we used recurrence 
analysis of single particles (RASP), an approach that has recently 

0.8

0.6

0.4

0.2

0

2.8
c

ba

2.6

2.4R
g 

(n
m

)
F

f

2.2

280 290 300 310
Temperature (K)

280 290 300 310
Temperature (K)

100
279 K

282 K

286 K

289 K

293 K

299 K

0

200

0

100

0

100

N
um

be
r 

of
 fl

uo
re

sc
en

ce
 b

ur
st

s
0

100

0
100

0
0 0.2 0.4 0.6 0.8 1.0

Transfer efficiency

np
g

©
 2

01
5 

N
at

ur
e 

A
m

er
ic

a,
 In

c.
 A

ll 
rig

ht
s 

re
se

rv
ed

.



nature methods  |  VOL.12  NO.8  |  AUGUST 2015  |  777

Articles

been shown in vitro to allow quantification of conformational 
changes on timescales from ~50 µs to ~100 ms (ref. 43; Fig. 4, 
Online Methods and Supplementary Fig. 10). Cellular confine-
ment strongly increases the same-molecule probability, psame(τ), 
i.e., the probability that two fluorescence bursts separated by time 
τ are emitted by the same molecule, as illustrated by simulations 
in a cylindrical volume (Fig. 4b). For cylinder heights of 1–2 µm 
(dimensions similar to those of an adherent HeLa cell), the psame 
decays closely resemble intracellular measurements, with psame  
values of around 60% for timescales of seconds. This effect extends 
the effective observation time and makes recurrence analysis ide-
ally suited for probing intracellular conformational dynamics.

RASP yielded a relaxation time for GB1 folding-unfolding of  
21 ± 4 ms in buffer (error from the fit, valid for all decay times shown 
here; equilibrium constant Keq = 1.3 ± 0.1), in agreement with the 
time of 23 ± 7 ms (Keq = 1.5 ± 0.1) obtained from single-molecule 
perturbation experiments using microfluidic mixing under the 
same solution conditions (Online Methods and Supplementary 
Fig. 9) and in the range expected from previous work41. In HeLa 
cells, the transfer efficiency histogram of the microinjected GB1 
variant was broadened compared to buffer measurements—for 
example, from the additional background contribution; neverthe-
less, two populations could be identified, as further supported 
by the recurrence FRET efficiency histograms, which allow the 
peaks from folded and unfolded protein to be clearly separated43 
(Fig. 4 and Supplementary Fig. 10). We observed, on the basis of 
the peak integrals, a similar fraction of folded state (0.33 ± 0.03)  
to that in buffer (0.43 ± 0.02). RASP analysis of the intracellular  

measurements yielded a folding-unfolding relaxation time of  
12 ± 2 ms (Keq = 2.0 ± 0.2; Fig. 4), indicating at most a small 
effect of the cellular environment—such as from macromo-
lecular crowding—on the conformational stability and folding  
dynamics of GB1 (refs. 37,44). We demonstrated the robust-
ness of the RASP method by performing control measurements 
with noninterconverting species in buffer and injected into cells 
(Supplementary Fig. 11).

DISCUSSION
The results presented here show that an integrated approach 
addressing the multifactorial challenges of in-cell single- 
molecule spectroscopy enables the application of a broad spectrum 
of confocal single-molecule fluorescence methods in eukaryotic 
cells. With single-molecule FRET and the resulting separation 
of subpopulations, not only can intramolecular distances be  
quantified, but the conformational stability of proteins can be 
measured in live cells and compared to in vitro observations  
(Figs. 3 and 4), including the effects of temperature. The dimen-
sions of intrinsically disordered and unfolded proteins are acces-
sible (Figs. 1–3), as are their responses to changes in intracellular 
conditions, such as ion concentrations and temperature (Figs. 2 
and 3). Most notably, the approach enables in-cell conformational 
dynamics to be investigated, illustrated here by the use of nsFCS 
for quantifying submicrosecond reconfiguration times (Fig. 1)  
and the analysis of FRET efficiency histograms with recur-
rence analysis to extract millisecond protein-folding kinetics  
(Fig. 4). Together with the well-known possibility of determining  
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Figure 4 | Intracellular protein-folding dynamics 
from recurrence analysis (RASP)43. (a) Schematic 
of a protein recurring to the confocal volume; 
in this example, the protein happens to fold 
between detected fluorescence bursts.  
(b) Comparison of the experimental psame curve  
obtained in cells (black) with simulated psame 
curves of proteins in a confining cylinder 
(diameter, 20 µm; height, 1–10 μm; protein 
concentration, 100 pM). (c,d) FRET efficiency 
histograms of GB1 in 50 mM phosphate buffer (c)  
and inside cells (d). The range of donor-only 
signal is shaded in gray, and the initial transfer 
efficiency range, ∆E, is indicated with red 
boxes. Recurrence FRET efficiency histograms 
show the folded (red, ∆E = (0.95–1.1)) and 
unfolded (cyan, ∆E = (0.7–0.9)) populations 
of GB1 within a recurrence interval T = (0, 1 ms) 
(measurements performed at 4 °C; Online 
Methods). (e,f) Fractions of folded molecules 
from recurrence FRET efficiency histograms with 
increasing recurrence intervals (Supplementary 
Fig. 10) starting from unfolded (cyan) and 
folded molecules (red). Global fits (solid lines) 
yielded relaxation times of 21 ± 4 ms (buffer, 
e) and 12 ± 2 ms (intracellular, f). Dashed lines 
show the behavior expected in the absence of 
folding dynamics (i.e., from the appearance of 
new molecules only), as calculated from burst 
time correlation analysis43. Differences between 
dashed and solid lines indicate population 
interconversion on the millisecond timescale (for 
a control measurement with noninterconverting 
species, see Supplementary Fig. 11).
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intracellular diffusivity with FCS6,26, the effective intracellular 
viscosity can be monitored from molecular to cellular length 
scales. All of these observables are accessible as a function of 
cellular localization (Fig. 1) and thus enable the investigation of 
spatial variations in conformation and dynamics. The availabil-
ity of FLIM can aid the discrimination between the signal of the 
injected sample and autofluorescence (Fig. 1).

Our observations exemplify how this methodology can provide 
new possibilities for probing the properties of biomolecules in live 
cells. The single-molecule FRET experiments on ProTα clearly 
showed that this IDP remains unstructured in the cell, as judged 
from its dimensions and submicrosecond chain dynamics (Fig. 1).  
Similar conclusions were previously drawn for α-synuclein via 
intracellular NMR-based experiments45,46, indicating that even 
though many IDPs are known to form a folded structure upon 
interaction with their cellular targets29, IDPs can stay unfolded 
upon binding and in live cells. The results on protein GB1 and 
frataxin indicated a remarkable robustness in the conformational 
stabilities and even folding kinetics of these proteins in cells com-
pared to in simple buffered solutions (Figs. 3 and 4). However, 
even modest changes in quantitative behavior may have important 
functional or regulatory consequences2,36. The sensitivity of the 
in-cell single-molecule approach (Figs. 2 and 3) is thus expected to 
be ideally suited for studying the effects of molecular crowding44  
and the cellular machinery on the conformations, dynamics and 
intracellular interactions of biological macromolecules, even as 
a function of cellular localization.

Our approach complements existing single-molecule methods 
in eukaryotes14 and prokaryotes10–13 and other techniques. In-cell 
NMR spectroscopy, for example, can provide atomistic detail and 
a wide range of dynamics37,42,45,47, but it is currently limited to 
averages over large molecular ensembles and many cells. Recent 
advances in quantitative cellular FRET imaging based on fusions 
with fluorescent proteins and temperature jumps have led to the 
spatiotemporal mapping of protein stability and kinetics with 
high sensitivity3,36, but this ensemble technique requires rapid 
changes in temperature as a perturbation and is currently limited  
to timescales in the seconds range and above. Finally, super- 
resolution microscopy8,9 now routinely enables fluorescence 
imaging with spatial resolution of tens of nanometers, but con-
formational changes and dynamics at the time and length scales 
investigated here have remained beyond its reach. We therefore 
expect that single-molecule spectroscopy will play an important 
role in bridging the gap between our quantitative understanding 
of biomolecules in vitro and in vivo.

Methods
Methods and any associated references are available in the online 
version of the paper.

Note: Any Supplementary Information and Source Data files are available in the 
online version of the paper.
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ONLINE METHODS
Protein expression and labeling. Fluorescent dyes for single-
molecule experiments were chosen according to their availability 
as a maleimide derivative for site-specific labeling and their pho-
tophysical (photostability and brightness) and chemical (hydro-
phobicity) properties. For probing conformational dynamics on 
the length and time scales required here, genetically introduced 
fusions with fluorescent proteins are of limited use owing to 
their relatively large size, lower brightness, and photostability48; 
the complication of heterogeneous expression levels49; and the 
tendency of forming oligomers50. We thus chose to work with 
organic fluorophores. The broad availability of fluorophores with 
absorption maxima in the vicinity of the popular 532-nm laser 
line facilitates the choice of a FRET donor and a correspond-
ing acceptor dye. As a donor dye, we used Atto 532 maleimide 
(ATTO-TEC GmbH). For acceptor dyes, we covered a range from 
hydrophilic to hydrophobic dyes, specifically Biotium CF680R 
maleimide (Biotium Inc.), Abberior Star 635 maleimide (Abberior 
GmbH) and Atto 647N maleimide (ATTO-TEC GmbH). The 
Förster radii for the dye-pairs were calculated to be 5.7 nm for 
Atto 532/Biotium CF680R, 6.0 nm for Atto 532/Abberior Star 
635, and 6.0 nm for Atto 532/Atto 647N on the basis of the quan-
tum yields and absorption and emission spectra provided by the 
manufacturer and using an averaged orientation factor of κ2 = 2/3,  
as supported by single-molecule anisotropy measurements  
in vitro and in vivo (Supplementary Fig. 6 and Online Methods 
section “Data analysis”).

The three different acceptor fluorophores (Atto 647N, Abberior 
Star 635 and Biotium CF680R), in combination with the donor 
dye Atto 532, were used to assess the robustness of different FRET 
pairs for measurements in vitro and in vivo. The selected accep-
tor dyes have absorption maxima between 634 and 680 nm and 
emission maxima between 654 and 701 nm (as specified by the 
manufacturer), in a suitable range to act as acceptors for FRET 
from Atto 532. Atto 647N is particularly popular for experiments 
both in vitro and in vivo owing to its very high photostability 
and brightness51. Abberior Star 635 was recently developed for 
demanding applications such as stimulated emission depletion 
microscopy52. Biotium CF680R was chosen on the basis of a 
screen we performed for dyes with suitably high photostability and 
brightness combined with low hydrophobicity; we are not aware 
of any previous use in single-molecule spectroscopy. A major dif-
ference between the dyes is their hydrophobicity, with Biotium 
CF680R being the most hydrophilic, Abberior Star 635 being 
moderately hydrophobic, and Atto 647N exhibiting the highest 
hydrophobicity according to the elution times in reversed-phase 
HPLC. Our results showed that the FRET pairs Atto 532/Biotium 
CF680R on ProTα (Figs. 1 and 2), Atto532/Abberior Star 635 on  
frataxin (Fig. 3) and Atto 532/Atto 647N on GB1 (Fig. 4) are 
all suitable for in-cell single-molecule spectroscopy, indicating 
that the method is not limited to specific fluorophores. However, 
care has to be taken regarding the hydrophobicity of the dyes. 
Especially Atto647N is known for its hydrophobicity53, which 
can lead to nonspecific interactions with other molecules or even 
the labeled protein itself. It is therefore essential to characterize 
labeled proteins in vitro before using them in in vivo experiments: 
for example, regarding the conformational stability (Fig. 3), the 
fluorescence lifetime of the attached dyes (Supplementary Fig. 5), 
or fluorescence anisotropy (Supplementary Fig. 6). In the cases 

of ProTα, Frataxin and GB1, no interfering interactions were 
observed after we labeled them with the dye pairs used here.

Prothymosin α (ProTα). Cysteine residues for the specific  
labeling of ProTα using maleimide chemistry were intro
duced by site-directed mutagenesis at the positions 1 and 56 
(Supplementary Table 1). ProTα was produced in Escherichia coli  
BL21 with an N-terminal His-tag for purification. Cells were 
grown in LB medium, expression was induced with isopropyl  
β-d-1-thiogalactopyranoside (IPTG, Sigma), and the harvested 
cells were disrupted. As previously described33, ProTα was purified 
with a Ni-NTA column (Thermo Scientific) after ammonium sul-
fate precipitation54. The His-tag was cleaved off with HRV 3C pro-
tease (recombinantly produced in-house as a hexahistidine fusion), 
followed by a second Ni-NTA chromatography run to remove 
the His-tag and the protease. ProTα was reduced with 10 mM  
tris(2-carboxyethyl) phosphine (TCEP, Sigma) and further puri-
fied by reversed-phase high-pressure liquid chromatography 
(RP-HPLC) on a Reprosil Gold 200 column (Dr. Maisch GmbH) 
with an acetonitrile gradient. Purified ProTα was lyophilized in 
a SpeedVac concentrator (Thermo Scientific), dissolved in 0.1 M  
sodium phosphate (Sigma) buffer, pH 7.2, and labeled with Atto 
532 maleimide according to the supplier’s manual at a molar  
ratio of dye to protein of 0.8:1. The reaction was stopped with 
β-mercaptoethanol (Sigma), reduced with 10 mM TCEP and 
purified by RP-HPLC on an XTerra C18 column (Waters), which 
enabled not only the separation of singly labeled, doubly labeled 
and unlabeled protein but also the separation of the singly labeled 
permutants, as confirmed by proteolytic digest and electrospray 
ionization mass spectrometry (ESI-MS). The fraction containing 
one of the singly labeled ProTα permutants was lyophilized in a 
SpeedVac concentrator and was labeled and purified analogously 
with a molar excess of Biotium CF680R maleimide. The mass of 
the doubly labeled ProTα was confirmed by ESI-MS.

Yeast frataxin homolog Yfh1. The expression and purification 
of Yfh1 (Supplementary Table 1) was performed as previously 
described40. Purified Yfh1 was first labeled with Atto 532 male-
imide in 6 M guanidinium chloride (GdmCl), 100 mM sodium 
phosphate, pH 7.1, at a molar ratio of dye to protein of 0.7:1 
for 2 h at room temperature. Singly labeled Yfh1 was isolated 
from the reaction mixture by RP-HPLC using a Reprosil Gold 
C18 column with a water-acetonitrile gradient, which enabled  
not only the separation of singly labeled, doubly labeled and 
unlabeled protein but also the separation of the singly labeled 
permutants. The lyophilized fractions containing one of the singly 
labeled permutants of Yfh1 were further labeled with Abberior 
Star 635 maleimide. A twofold molar excess of Abberior Star 635 
was reacted with singly Atto 532–labeled protein in 6 M GdmCl, 
100 mM sodium phosphate, pH 7.1, for 2 h at room temperature. 
The purification of the doubly labeled Yfh1 was again performed 
by RP-HPLC, as described above. The mass of doubly labeled  
Yfh1 was confirmed by ESI-MS.

IgG-binding domain of protein G (GB1). A variant of GB1  
(ref. 55) containing the destabilizing F30L-G41A substitutions56 
(Supplementary Table 1) was site-specifically labeled at posi-
tions Q2C and T55C (very close to the termini to achieve the 
lowest possible transfer efficiency compared to the folded state) 
with the maleimide derivatives of the donor Atto 532 and the 
acceptor Atto 647N, respectively. GB1 was expressed with an 
N-terminal His-tag followed by a cleavage site for tobacco etch 

np
g

©
 2

01
5 

N
at

ur
e 

A
m

er
ic

a,
 In

c.
 A

ll 
rig

ht
s 

re
se

rv
ed

.



doi:10.1038/nmeth.3475 nature methods

virus (TEV) protease using E. coli Rosetta DE3 cells (Millipore). 
The cells were cotransfected with the pRARE plasmid (Millipore) 
to further boost the expression of GB1. The Rosetta cells were 
grown in 2YT medium, and expression was induced with IPTG. 
The harvested cells were lysed in 6 M GdmCl (Sigma), 100 mM 
sodium phosphate, 10 mM Tris-HCl (Sigma), 10 mM imidazole 
(Sigma), pH 8.0 (binding buffer), by rocking them at room tem-
perature for 1 h. Insoluble proteins and cellular debris were then 
pelleted, and the supernatant was incubated with 5 ml Ni-NTA 
agarose slurry (Thermo Scientific). The slurry was gently pel-
leted and washed with binding buffer four times. Bound GB1 
was eluted by incubating the slurry in 6 M GdmCl, 0.2 M acetic 
acid (Sigma), pH 4.5, for 20 min, rocking at room temperature. 
The supernatant containing GB1 was filtered through a 0.45-µm 
filter (TPP) and refolded by equilibrium dialysis (3-kDa-cutoff 
membrane, Spectrum Laboratories) against three times 4 liters 
of 50 mM sodium phosphate, 300 mM sodium chloride (Sigma),  
pH 7.0, at 4 °C. TEV protease (recombinantly produced in-house as  
a hexahistidine fusion) was added to GB1 at a molar ratio of 50:1 
(GB1/TEV) along with 5 mM dithiothreitol (Sigma) to cleave off 
the His-tag, followed by dialysis against 50 mM sodium phos-
phate, 300 mM NaCl, pH 8.0, as above. GB1 was then subjected 
to a second round of Ni-NTA pulldown (equilibrated in the 
same buffer) to remove the cleaved His-tag as well as the TEV 
protease. GB1 was further purified with size-exclusion chroma-
tography on a Superdex 75 column (GE Healthcare) in 50 mM 
potassium phosphate, 100 mM NaCl, 0.5 mM EDTA (Sigma), at 
pH 7.5. Fractions containing GB1 were collected and were sub-
jected to RP-HPLC on a Reprosil Gold C18 column to remove 
additional degradation products. Protein samples were reduced 
with TCEP and eluted with an acetonitrile gradient. Samples were 
subsequently lyophilized and labeled with Atto 532 maleimide 
at a molar ratio of dye to protein of 0.7:1. The reaction products 
were purified by RP-HPLC using an acetonitrile gradient on an 
XTerra C18 column, which enabled not only the separation of 
singly labeled, doubly labeled and unlabeled protein but also the 
separation of the singly labeled permutants. The purified protein 
fraction containing one of the singly labeled permutants was sub-
sequently lyophilized and labeled with Atto 647N maleimide with 
a molar ratio of protein to dye of 1:3. The reaction mixture was 
purified by reversed-phase HPLC using an acetonitrile gradient 
on an XTerra C18 column, as above. The mass of doubly labeled 
GB1 was confirmed by ESI-MS. Yields of correctly FRET-labeled 
samples were >90% for all three proteins, as indicated by HPLC 
elution profiles, mass spectrometry, and the low ‘donor-only’ sig-
nal in single-molecule measurements in vitro.

Cell culture and microinjection. Cell culture. HeLa cells 
(American Type Culture Collection; mycoplasma free, tested with 
the MycoAlert mycoplasma detection Kit (Lonza); the identity 
of the cells was confirmed by visually inspecting the cell mor-
phology) were cultured in tissue culture flasks (75 cm2, TPP) in 
humid atmosphere at 37 °C and 5% CO2. The cells were grown 
in phenol red–free Dulbecco’s modified Eagle medium (DMEM, 
Invitrogen), supplemented with 10% FCS (Bioconcept Amimed), 
100 units/ml penicillin, and 0.1 mg/ml streptomycin (Sigma). 
Cells were subcultured when approximately 80% confluency was 
reached using trypsin-EDTA (Sigma) for cell detachment. One day 
before a single-molecule experiment, 2 × 105 HeLa cells in 4 ml  

phenol red–free DMEM medium were pipetted into a microscopy 
dish (35-mm glass-bottom dishes, Ibidi) and incubated overnight 
(37 °C, 5% CO2) until the cells became adherent again. Prior to 
single-molecule measurements, the medium was aspirated; the 
cells were then washed three times with Hanks balanced salt 
solution (HBSS, Sigma; HBSS contains 1.3 mM CaCl2, 0.8 mM 
MgSO4, 5.4 mM KCl, 0.44 mM KH2PO4, 4.2 mM NaHCO3,  
136.9 mM NaCl, 0.3 mM Na2HPO4 and 5.6 mM glucose) and cov-
ered with a buffer of choice. For experiments with different salt 
concentrations (up to 300 mM total ionic strength in the medium) 
or for temperature experiments, the microscopy dishes were first 
coated with poly(l-lysine) solution (0.01% in H2O, Sigma) to 
improve cell adhesion.

Microinjection. Protein solutions were injected into HeLa cells 
using a Xenoworks microinjection system (Sutter Instrument), 
which was directly attached to the single-molecule fluorescence 
microscope. The pressure pulses (0.5–1 bar, 20–50 ms) for the injec-
tions were delivered by a home-built injector or a Picospritzer III  
(Parker). The sample was injected into cells using Femtotips II 
capillaries (Eppendorf). Before cell injection, the operational 
capability of the system was tested by injecting sample several 
times into the cell medium while recording a transfer efficiency 
histogram with the single-molecule fluorescence microscope. For 
all experiments with GB1 and Yfh1, the inside of the capillaries 
was first coated with 1 mg/ml poly(l-lysine)-graft-poly(ethylene 
glycol)57 (PLL(20)-g[3.5]-PEG(2), SuSoS), dissolved in doubly 
distilled H2O (ddH2O), for 5 min, to reduce the adherence of the 
proteins to the glass capillary. Before loading the sample, which 
needs to be dissolved in a low-salt buffer to minimize dissocia-
tion of PLL-PEG—for example, 20 mM sodium phosphate buffer, 
pH 7.0—the coated capillaries were rinsed twice with ddH2O. 
All protein samples for injections contained 0.005% Tween 20 
(Pierce) to reduce adsorption of protein to any container sur-
faces used during dilution, and the sample was injected into either 
the cytosol or the nucleus of a targeted cell. Solutions for injec-
tion contained labeled protein at concentrations of ~20–50 nM. 
For every measurement, a single pressure pulse was applied to 
deliver the sample into the cell. The pressure settings and the 
duration of the pulses for the sample injections into HeLa cells 
were optimized in a way that (i) enough sample was injected to 
observe a sufficiently large number of fluorescence bursts per cell 
and (ii) the pressure pulse was gentle enough to avoid the forma-
tion of membrane protuberances or cell lysis, clear indications of 
compromised cellular viability (Supplementary Fig. 12). Slight 
adjustments of pressure pulses within the range given above were 
made for every set of measurements involving a stock solution 
of a given protein concentration. Longer-term cell viability after 
injection with parameters optimized in this way was assessed by 
adding propidium iodide58 (Sigma) to the medium after injection 
of buffer into the cytosol of 23 HeLa cells (Supplementary Fig. 1).  
The membrane integrity and cell morphology were tracked up 
to 1.5 h after injection. Immediately after injection, all injected 
cells were still intact. After 1.5 h, 74% of all injected cells were still 
intact; four cells (18%) showed blebbing, and one cell was found 
dead according to the propidium iodide stain.

Instrumentation for single-molecule FRET in cells. Single-
molecule fluorescence microscope. Single-molecule fluorescence 
measurements were performed on a custom-built confocal  

np
g

©
 2

01
5 

N
at

ur
e 

A
m

er
ic

a,
 In

c.
 A

ll 
rig

ht
s 

re
se

rv
ed

.



doi:10.1038/nmeth.3475nature methods

instrument using an Olympus IX71 microscope body. Light from 
a 20-MHz supercontinuum laser (SC-450-4, Fianium) was used 
for excitation, with the wavelength selected via a 520/15 band-pass 
filter (Chroma Technology), and focused into the sample with an 
Olympus UplanApo 60×/1.20-W objective (Olympus). Photons 
emitted from the sample were collected through the same objec-
tive. Scattered excitation light was eliminated with a long-pass 
filter (LP532, Chroma Technology) before the emitted photons 
passed a 100-µm confocal pinhole. The emitted photons were 
then separated into four channels with a polarizing beam split-
ter and two dichroic mirrors (635DCXR, Chroma Technology). 
Donor photons were filtered (ET585/65m, Chroma Technology) 
and then focused on τ-SPAD avalanche photodiodes (PicoQuant). 
Acceptor photons were filtered (LP647RU and HC750/SP, Chroma 
Technology) and detected with SPCM-AQRH-14 single-photon 
avalanche diodes (PerkinElmer). The arrival times of detected 
photons were recorded with four channels of a HydraHarp 400 
counting module (PicoQuant) with a resolution of 16 ps. All 
measurements were performed by exciting the donor dye with 
a laser power of 50 µW, measured at the back aperture of the 
objective. The objective was mounted on a piezo stage combina-
tion (P-733.2 and PIFOC, Physik Instrumente GmbH) to enable 
3D scans. During such a scan, the sample was excited with pulsed 
laser light (20 MHz, 520 nm). The emitted fluorescence was used 
to generate fluorescence lifetime images of the scanned cells using 
the SymPhoTime software package (PicoQuant).

In-cell FRET and nanosecond FCS of ProTα. Single-molecule 
FRET efficiency histograms of ProTα in living cells were acquired 
by injecting samples with a protein concentration of 10 nM into 
the cytosol or nucleus of HeLa cells. ProTα was dissolved in the 
buffer used for the experiment, additionally containing 0.005% 
Tween 20. All experiments with ProTα were performed at 22 °C. 
As a sample buffer and extracellular medium, modified HBSS 
without Ca2+ and Mg2+ and with different NaCl concentrations 
was used. Besides NaCl, every buffer contained 0.3 mM Na2HPO4 
(Sigma), 0.4 mM KH2PO4 (Sigma), 5.4 mM KCl (Sigma), 4.2 mM 
NaHCO3 (Sigma) and 5.6 mM glucose (Sigma). The concentra-
tion of NaCl was adjusted to the desired final ionic strength of the 
buffer (30 mM, 80 mM, 137 mM, 280 mM and 980 mM NaCl), 
yielding buffers with total ionic strengths of 50 mM, 100 mM, 
156 mM, 300 mM and 1,000 mM, respectively. The pH of the  
buffers was between 7.2 and 7.4. The cells were incubated in the 
corresponding buffer for 15 min before the sample was injected 
into the cells. For experiments with buffers with ionic strengths of 
50 mM, 100 mM, and 156 mM, the microscopy dishes were coated 
with poly(l-lysine), for improved cell adhesion, before cells were 
added. Note that in the range of salt concentrations used here, no 
detectable effects on the stability and photophysics of the dyes are 
expected32. For I = 50 mM, 6 cytosolic and 1 nuclear measure-
ments were performed; for I = 100 mM, 6 cytosolic and 8 nuclear 
measurements; for I = 156 mM, 8 cytosolic and 8 nuclear meas-
urements; for I = 300 mM, 7 cytosolic and 8 nuclear measure-
ments; for I = 1,000 mM, 5 cytosolic and 4 nuclear measurements. 
Each data point was collected in a different cell.

Two slightly different procedures were used for in-cell data 
acquisition. In both cases, before injection, a FLIM image of 
the cells was first taken in the axial direction for setting the z 
position, and then an image in the xy plane was recorded. After 
microinjection of sample into a few cells, success of injection was 

verified by recording a second FLIM image of the injected cells 
in the xy plane (for example, Fig. 1b), and the confocal volume 
was positioned either in the cytosol or the nucleus of the injected 
cells and away from regions of high cellular autofluorescence. 
Alternatively, in order to minimize photobleaching of the injected 
sample, we recorded an image of the cells only before injection, 
and the position of the confocal volume after injection was chosen 
on the basis of that image. The confocal spot was then set to the 
position of choice, either in the cytosol or in the nucleus of an 
injected cell. In both cases, positioning of the observation volume  
was additionally verified by the presence of fluorescence bursts 
(Fig. 1c) and the slower translational diffusion of the mol-
ecules compared to the extracellular medium (Fig. 1d). From 
each injected cell, data were acquired for 2–3 min until most of 
the injected protein was photobleached. The concentration of 
labeled protein in the injected cells was estimated by compar-
ing the frequency of detected fluorescence bursts with refer-
ence measurements in vitro and yielded concentrations between  
50 pM and 500 pM. (Note that at such low concentrations of 
injected sample, using the amplitudes of the component of FCS 
curves corresponding to translational diffusion for the determi-
nation of concentrations6 is complicated by the contribution of 
cellular autofluorescence.)

Nanosecond FCS (nsFCS) measurements in cells were per-
formed by injecting ProTα in HBSS without Ca2+ and Mg2+  
(I = 156 mM), containing 0.005% Tween 20. Owing to the poorer 
photon statistics for interphoton times in the nanosecond range, 
the measurements require a substantially larger total number  
of photons to be detected than are needed for FRET efficiency 
histograms. Optimal signal-to-noise ratio is achieved in the range 
of ~1 nM of labeled protein; we thus injected correspondingly 
higher concentrations of labeled ProTα (20 nM). Injections and 
measurements were performed as described above. In contrast 
to the other single-molecule fluorescence measurements, nsFCS 
measurements were carried out using a 532-nm continuous-wave 
laser (LaserBoxx LMX-532S, Oxxius) at 100-µW excitation power, 
as measured at the back aperture of the objective. In-cell experi-
ments were performed by measuring the fluorescence in each 
injected cell for 3 min. To achieve sufficient statistics, we averaged 
the results of 51 single-cell measurements, which resulted in a 
total acquisition time of 2.5 h. We note that, given the small cell-
to-cell variation in 〈E〉, a large heterogeneity in dynamics seems 
unlikely. Also, during the measurement in one single cell, the 
transfer efficiency of ProTα remained constant to within experi-
mental uncertainty (Supplementary Fig. 13). Control measure-
ments in buffer were carried out with protein concentrations 
of 200 pM in HBSS with 0.001% Tween 20 for 12 h. Owing to  
the relatively low transfer efficiency of the ProTα variant used 
here and the limited signal-to-noise ratio, the amplitude of the 
cross-correlation component corresponding to chain dynamics is 
not detectable in our intracellular measurements (Fig. 1f).

In-cell FRET of Yfh1 at different temperatures. For intracellular  
measurements at different temperatures, a custom-made  
temperature-controlled cell-culture dish holder employing 
Peltier elements and a digital temperature controller (HAT 
Control-M20, BelektroniG GbR) with a Pt100 temperature sen-
sor (Supplementary Fig. 7) was used. The Peltier elements were 
cooled by continuous water circulation. The microscope objective 
was temperature regulated using an aluminum collar to which a 
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water-cooled Peltier element was mounted40. For temperature- 
dependent control measurements in buffer, a custom-built  
temperature-controlled sample holder for glass cuvettes employ-
ing Peltier elements and a HAT Control-M20 temperature  
controller with a Pt100 temperature sensor was used as  
previously described5. For both extracellular and intracellular  
measurements, the temperature at the laser focus was cali-
brated using the temperature-dependent fluorescence lifetime of  
rhodamine B40,59,60.

HeLa cells were grown in poly(l-lysine)-coated microscopy 
dishes. The cells were kept in HBSS without Ca2+ and Mg2+ 
salts (I = 156 mM). Yfh1 in cells was measured at temperatures 
between 279 K and 299 K. Above that temperature range, the  
pH became instable too quickly, which led to cell detachment  
(for measurements at higher temperatures, a CO2 cabinet attached 
to the microscope would need to be employed to maintain the 
physiological pH). Nevertheless, HeLa cells were found to toler-
ate from ~277 K to ~303 K without loss of surface adherence 
after microinjection. A 50 nM Yfh1 solution in 20 mM sodium 
phosphate buffer, pH 7.0, and 0.005% Tween 20 was injected into 
HeLa cells with PLL-PEG–coated glass capillaries. Extracellular 
measurements were performed with 50 pM Yfh1 in 50 mM 
sodium phosphate buffer, pH 7.0, in HBSS and in HBSS without  
Ca2+ and Mg2+. Every buffer additionally contained 144 mM  
β-mercaptoethanol and 0.001% Tween 20, and measurements 
were performed at different temperatures (for measurement in 
HBSS buffer, see Supplementary Fig. 8). The measurements at 
279 K were performed in 8 individual cells, at 282 K in 11 cells, 
at 286 K in 8 cells, at 289 K in 10 cells, at 293 K in 10 cells, and at 
299 K in 12 cells. Note that in the temperature range accessible 
here, only minor effects on the stability and photophysics of the 
dyes are expected40,59,61. Both here and in the cases of ProTα 
and GB1, some variation in the amplitudes of the donor-only 
peak from cell to cell was observed. Given the absence of donor-
only bursts in noninjected cells (Supplementary Fig. 14), the 
most likely reasons of this variation are photobleaching and/or  
differences in intracellular proteolytic degradation.

Recurrence analysis of single particles (RASP) with GB1 in the 
cell. RASP is based on the observation that at sufficiently low 
sample concentrations and for timescales up to several tens  
of milliseconds, the probability that a fluorescently labeled  
molecule returns to the confocal volume is greater than the 
probability of a new molecule being detected43. Intramolecular 
interconversion kinetics can then be quantified by the changes  
in transfer efficiency histograms obtained from fluorescence 
bursts detected within a defined time interval that is varied  
systematically (Supplementary Fig. 10). The possibility of  
extracting kinetics for times longer than the diffusion time 
through the confocal volume (~1 ms) critically depends on the 
probability that two fluorescence bursts separated by a time τ were 
emitted by the same molecule (psame(τ)). For the large sample 
volumes used in typical in vitro single-molecule measurements, 
the huge reservoir of fluorescent molecules (~109) leads to a 
rapid drop of psame with increasing τ (ref. 43). However, owing to  
the confinement within the small cellular volume (~0.5 pl),  
psame remains high for much longer times, as illustrated by 
simulations (Fig. 4b). Essentially, cellular confinement strongly 
increases the probability of observing multiple transits of a  
molecule through the confocal volume, which extends the  

effective observation time and makes recurrence analysis ideally 
suited for probing intracellular conformational dynamics.

RASP measurements in cells were performed at 4 °C to improve 
the peak separation between the unfolded and folded population 
(as in the case of Yfh1 (ref. 40), the unfolded state expands with 
decreasing temperature, resulting in lower transfer efficiency and 
thus better separation from the high-transfer-efficiency folded 
peak). For intracellular measurements, the temperature-controlled  
cell-culture dish holder and the objective collar were used as 
described above. Adherent HeLa cells for in-cell RASP experi-
ments were grown in microscopy dishes, as described above. The 
medium was decanted, and the cells were washed three times with 
HBSS and cooled to 4 °C. Microinjection was performed using a 
20 nM GB1 solution in PLL-PEG–coated glass capillaries. GB1 was 
injected into the cytosol of 61 HeLa cells, and fluorescence bursts 
were collected for 5 min per cell. To maximize throughput, we 
verified successful injection not by detailed fluorescence imaging 
but by the appearance of fluorescence bursts upon placing the con-
focal volume inside the cytoplasm and the reduced translational 
diffusion time of molecules inside cells compared to the extracel-
lular medium. Buffer measurements were carried out in 50 mM 
sodium phosphate buffer, pH 7.0, 144 mM β-mercaptoethanol,  
and 0.001% Tween 20. Single-molecule FRET histograms in 
buffer were acquired in samples with a protein concentration  
of 20 pM. The protein concentration was chosen low enough to 
maximize the same-molecule probability, psame(τ), i.e., the prob-
ability that two fluorescence bursts, separated by a short time τ 
(up to 100 ms), are emitted by the same molecule that happens 
to return to the confocal volume. As a consequence of the low 
protein concentrations, fluorescence bursts had to be collected for 
over 20 h in vitro to obtain sufficient statistics for a robust analysis 
of the exchange dynamics between folded and unfolded states43.

Simulation of RASP data. For a better understanding of the 
shape of the psame(τ) curve obtained from the measured data, we 
simulated trajectories of particles labeled with one fluorophore 
freely diffusing (diffusion coefficient D = 1 × 10−5 µm2/µs) in the 
confined volume of a living cell, which we approximated by a flat 
cylinder of diameter d = 20 µm and height h = 1, 2, 4 or 10 µm. 
Trajectories were simulated for each particle as a random walk 
with step sizes in each spatial direction drawn from a normal 
distribution with variance σ2 = 2D∆, where ∆ = 1 µs is the time 
between two steps. We approximate the dependence of the fluo-
rescence photon rate n on the position (x, y, z) inside the confocal 
volume by a 3D Gaussian 

n x y z n e ex y z( , , ) ( ) / /= − + −
0

2 2 2
1
2 2 2

2
2w w

with ω1 = 0.15 µm, ω2 = 0.9 µm, and n0 = 0.4 photons/µs. The 
probability of photobleaching during one simulation step is given 
by pbleach = αbleachn(x, y, z)∆ with αbleach = 0.0025. Initially (t = 0), 
N particles were randomly distributed inside the cylinder. Each 
particle trajectory was simulated for 180 s or until bleaching of the 
fluorophore, whichever occurred first. Finally, for all times t, the 
combined fluorescence emission rate of all particles, ntot(t), was 
calculated, and photon-detection events as a function of time were 
simulated with mean interphoton times given by 1/ntot(t). The 
simulated photon trajectories were then analyzed in the same way 
as the measured fluorescence data to obtain the psame(τ) curves 
presented in Figure 4b.
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Microfluidic mixing. Microfluidic mixing experiments were per-
formed to independently test the unfolding and folding kinetics 
of GB1 determined by recurrence measurements using RASP43. 
Microfluidic devices were fabricated using replica molding in 
poly(dimethylsiloxane) (PDMS) as described previously62. In 
concordance with the RASP measurements, microfluidic experi-
ments were performed at 4 °C. To reach this temperature inside 
the microfluidic mixing device, both the microscope objective and  
the microfluidic device holder62 were cooled to 1.00 °C and 0.25 °C,  
respectively. The actual temperature inside the microfluidic 
channels was confirmed by measuring the fluorescence lifetime 
of a 1 µM rhodamine B solution60 (excitation power, 0.06 µW  
at 532 nm with 20-MHz repetition rate). To minimize surface 
adhesion of fluorescently labeled protein to the channel walls, 
we flushed microfluidic mixing devices with an aqueous solution 
of 0.1 mg/ml PLL(20)-g[3.5]-PEG(2) for 1 h before the actual 
mixing experiment. Refolding experiments were performed in 
the microfluidic mixing device by jumping GB1 from 800 mM 
to 80 mM GdmCl (Supplementary Fig. 9). To determine the 
folding-unfolding rate of GB1 starting from an ensemble biased 
toward the unfolded state, the center inlet of the microfluidic 
mixing device was filled with sample containing 250 pM GB1 in 
50 mM sodium phosphate buffer with 800 mM GdmCl, 140 mM 
β-mercaptoethanol and 0.01% Tween 20, pH 7. Side inlets were 
filled with 50 mM sodium phosphate buffer, pH 7. Application 
of 23.4 kPa and 24.8 kPa to the center and side inlets resulted in 
an average flow velocity of 1 mm/s, a mixing ratio of 1:10, and 
a concentration of 25 pM GB1 in 80 mM GdmCl in the obser-
vation channel. Note that the pressures necessary are substan-
tially higher than those previously reported62 owing to increased  
viscosities at 4 °C, as measured using a digital viscometer  
(DV-I+, Brookfield).

Kinetic series were obtained by acquiring transfer efficiency 
histograms at different positions along the observation chan-
nel, corresponding to different times after mixing. 50 µW of  
excitation power of a 532-nm continuous-wave laser (LaserBoxx 
LMX-532S, Oxxius) were used. Transfer efficiency histograms 
were recorded for 5 min per data point. Three sets of measure-
ments were averaged, and for the estimation of error bars, we 
assumed the uncertainties to be uniformly distributed. Positions 
along the observation channel were converted into times after 
mixing as described previously63. Positions corresponding to 
short times after mixing (up to 50 ms) were accessed using a 
piezo stage combination (P-733.2 and PIFOC, PI) and those for 
longer times were accessed using the manual translation stage  
of the microscope. Histograms were obtained from 2.1 ms to  
377 ms after mixing.

Data analysis. Transfer efficiency histograms. Fluorescence bursts 
from individual molecules were identified by combining succes-
sive photons separated by interphoton times of less than 100 µs 
and retained as a burst if the total number of photons detected 
was larger than a threshold of 30–50, chosen depending on the 
intensity of the background signal. The background was variable 
during a measurement owing to photobleaching and was quan-
tified by splitting the time traces into short intervals where the 
background could be assumed to be constant. Detected bursts 
from each interval were summed up to construct the final transfer 
efficiency histogram. The transfer efficiency of each burst was 

calculated according to E = nA/(nA + nD), where nD and nA are the 
numbers of donor and acceptor photons, respectively, corrected 
for background in the corresponding interval, acceptor direct 
excitation, channel cross-talk, differences in detector efficiencies, 
and quantum yields of the dyes as previously described64. (Note 
that owing to these corrections, E values >1 and <0 are possible 
in the transfer efficiency histograms.)

For all three proteins investigated here, the ‘donor-only’  
population (i.e., the fraction of fluorescence bursts from mol-
ecules lacking an active acceptor dye with an apparent transfer 
efficiency close to 0) is larger for in-cell measurements than for 
in vitro measurements. Several indications suggest that this signal 
originates from a preferential inactivation of the acceptor dye in 
the cell or from cellular degradation of part of the injected mole-
cules, as follows. (i) The yield of correctly FRET-labeled molecules 
for all samples was >90% (see “Protein expression and labeling”), 
which is reflected by the small donor-only population in in vitro 
measurements (Figs. 1e and 4c and Supplementary Fig. 8).  
(ii) Measurements in noninjected cells analyzed with the  
thresholds of our in-cell measurements yielded a negligible 
signal in the transfer efficiency range of the donor-only peak 
(Supplementary Fig. 14). (iii) The fluorescence lifetime of the 
donor-only population was not significantly different from the 
donor lifetime in extracellular measurements (Supplementary 
Fig. 5), suggesting that the donor-only signal does not originate  
from cellular autofluorescence, which exhibits a different  
lifetime (Fig. 1b and Supplementary Fig. 3). (iv) The lower 
number of fluorescence bursts with a transfer efficiency close 
to 0 upon scanning the sample compared to stationary measure
ments (Supplementary Fig. 4) indicates the contribution of  
photobleaching to the donor-only population.

Fitting of transfer efficiency histograms. To analyze subpopula-
tions in transfer efficiency histograms, we approximated peaks  
in the histograms with Gaussian (G) and four-parameter log-
normal (L) peak functions for symmetric and asymmetric peaks, 
respectively:
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with E being the transfer efficiency, A the peak amplitude, E0 
the peak position, w the peak width, and a the asymmetry of 
the peak65–67. For fitting more than one peak, the histogram  
was analyzed with a sum of peak functions. In many cases where 
several histograms contained peaks from the same species,  
the peaks were described with a global fit over all histograms,  
with E0, w, and/or a for some subpopulations as shared or  
fixed parameters (amplitudes were never constrained). Where 
necessary, the choice of fixed parameter values was based on 
histograms where the respective peaks were as well defined as 
possible (i.e., separated from other subpopulations and/or with 
the best available statistics, or from recurrence histograms in  
the case of GB1).
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Specifically, transfer efficiency histograms of ProTα (Figs. 1 
and 2 and Supplementary Fig. 13) were fitted using a log-normal 
peak function for the donor-only population with a fixed width 
(0.15) and asymmetry (1.32). These values were chosen to best 
describe the observed shape of the donor-only population. The 
FRET-labeled population was fitted with a Gaussian peak func-
tion without constraints of fit parameters.

Transfer efficiency histograms of frataxin (Fig. 3 and 
Supplementary Fig. 8) were fitted globally using a log-nor-
mal peak function for the donor-only population, with a fixed 
width (0.14 in vitro, 0.2 in vivo), and asymmetry (1.1 in vitro, 1.4  
in vivo); the position was a fit parameter shared by all  
histograms of the respective data set. These values were chosen to 
best describe the observed shape of the donor-only population. 
The unfolded population was fitted with a Gaussian peak func-
tion using the width as a fit parameter shared by all histograms 
in the case of Supplementary Figure 8 and, owing to the lower 
statistics, with a width fixed to 0.09 in case of Figure 3. The folded 
population was fitted with a Gaussian peak function using the 
width as a global fit parameter for all histograms in the case of 
Supplementary Figure 8 and with fixed width (0.09) in case of 
Figure 3. In the case of Figure 3, the position of the native popu-
lation was a fit parameter shared by all histograms (based on the 
assumption that the transfer efficiency of the folded population 
is virtually constant over this temperature range, as in vitro). The 
widths of the unfolded and folded populations in vivo (0.09) were 
chosen on the basis of observations made with ProTα and GB1, 
for which a slight broadening of peaks was observed compared 
to in vitro.

Transfer efficiency histograms of GB1 (Fig. 4 and 
Supplementary Figs. 9 and 10) were fitted globally using a log-
normal peak function for the donor-only and folded populations 
and using a Gaussian peak function for the unfolded population. 
In all cases, the donor-only population was fitted with fixed posi-
tion (−0.03), width (0.14), and asymmetry (1.09). All parameters 
for the donor-only, folded, and unfolded subpopulations (and 
for ProTα in the control) were obtained from globally fitting the 
early-time recurrence histograms of each population without 
any constraints but using p, w, and a of the respective popula-
tions as shared parameters; the results from these fits were used 
to fix the parameters in the remaining recurrence histograms. 
Correspondingly, the unfolded population was fitted with a fixed 
position (0.85) and width (0.08 in vitro, 0.1 in vivo) (based on  
∆E = (0.7–0.9) and ∆T = (0–1 ms)). The native population 
was fitted with a fixed position (1.0), width (0.07 in vitro, 0.09 
in vivo), and asymmetry (0.42 in vitro, 0.63 in vivo) (based on 
∆E = (0.95–1.1) and ∆T = (0–1 ms)). The histograms shown in 
Supplementary Figure 11 were fitted with fixed position (–0.05), 
width (0.13), and asymmetry (1.17) for the donor-only population 
(log-normal peak). The population of ProTα (Gaussian peak)  
was fitted with fixed position (0.43) and width (0.1) (based on  
∆E = (0.35–0.55) and ∆T = (0–5 ms)). The population of GB1 
wild type was fitted with fixed position (1.0), width (0.09),  
and asymmetry (0.76), using log-normal peak functions (based 
on ∆E = (0.9–1.1) and ∆T = (0–5 ms)).

Interdye distances and radii of gyration. Dimensions of unfolded/
intrinsically disordered proteins were calculated from the meas-
ured transfer efficiencies as described earlier66. Briefly, the mean 
transfer efficiency, 〈E〉, can be expressed as a function of the  

distance dependence of the transfer efficiency, E(r), weighted for 
the dye-to-dye distance distribution, P(r), sampled by the chain,
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where a is the distance of closest approach of the two dyes, lc is 
the contour length of the labeled protein segment, and R0 is the 
Förster radius of the chosen dye pair. To enable a direct compari-
son with previous experiments in vitro32,40,66, we assumed a simple  
Gaussian chain model for the distribution of distances, P(r), 
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where 〈r2〉 is the mean squared interdye distance. These equations 
were solved for 〈r2〉 numerically and then converted to the mean 
radius of gyration, Rg, of the chain using

R rg
2 21

6
= 〈 〉.

We note that a systematic uncertainty in the Förster radius propa-
gates linearly to 〈r2〉1/2 and thus introduces a systematic uncer-
tainty in the absolute values of Rg. However, as we only compare 
measurements between identical samples under different condi-
tions, this contribution is not considered here.

Fluorescence anisotropy values of donor emission of all samples 
were in the range of 0.04–0.11 in vitro and 0.10–0.17 in in-cell 
experiments, as quantified on the basis of the polarization selectiv-
ity of our single-molecule measurements (Supplementary Fig. 6),  
supporting the approximation κ2 = 2/3 used for the calculation 
of the Förster radii. Donor fluorescence lifetimes of ProTα in the 
absence of energy transfer resulted in values of 3.8 ns in buffer,  
3.8 ns in the cytosol, and 3.9 ns in the nucleus (Supplementary 
Fig. 5), indicating only minor effects of the respective  
environment on the quantum yield and photophysics of the  
donor dye.

Fluorescence correlation spectroscopy. To extract the  
diffusion time of the labeled proteins, we correlated25 the fluo-
rescence intensity fluctuations measured in FRET experiments 
according to

g
n n

nij
i j

i
( )

( ) ( )
t

d d t
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〈 〉

〈 〉
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2

with i, j = A, D and where ni(0) and nj(τ) are the fluorescence 
count rates for channels i and j at time 0 and after a lag time τ, 
respectively, and δni,j = ni,j − 〈ni,j〉 are the corresponding devia-
tions from the mean count rates. The duration of the single-cell 
FRET measurements allows correlations to be calculated to a 
minimum lag time of 10−5 s, with sufficient photon statistics to 
quantify the photophysics of the triplet state and the translational 
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diffusion time of the molecule through the confocal volume. The 
resulting cross-correlation curves were fitted with68 
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where the term in the numerator describes triplet blinking with 
amplitude cT and a decay time τT. The denominator describes 
the diffusion of a protein through the confocal volume, with NAD 
denoting the mean number of doubly labeled protein molecules in 
the confocal volume, s the ratio of axial over lateral radius of the 
confocal volume, and τD the translational diffusion time.

nsFCS. Donor and acceptor autocorrelation curves and  
cross-correlation curves between acceptor and donor channels 
were calculated as described earlier25,69. The resulting auto- and 
cross-correlation curves were fitted globally up to a delay time 
of 1 µs using

with i, j = A, D and with N denoting the mean number of proteins 
in the confocal volume. The three multiplicative terms describe 
photon antibunching (AB), chain dynamics (CD), and triplet 
blinking (T) of the dyes. τCD was extracted from the global fit 
of all three correlations (with τCD as a shared fit parameter) to 
quantify chain reconfiguration dynamics of ProTα.

RASP analysis. The fluorescence signal from the first 50 s of 
data acquisition in each cell showed a significant drop in signal in 
both donor and acceptor channels because of photobleaching and 
was excluded from the analysis. The fluorescence bursts identified 
in the remaining 250 s for 61 individual HeLa cells were combined 
and then subjected to RASP analysis. RASP analysis and the calcu-
lation of the psame function from the burst time correlation func-
tion was carried out as described previously43. psame can, under 
equilibrium conditions, be calculated from the time correlation of 
burst events, gbursts(τ), by the equation psame(τ) = 1 − 1/gbursts(τ).  
Inside the cells, however, we observe a decrease of fluorescent 
particle concentration over time caused by photobleaching, which 
means that for a given τ, psame(τ) is increasing over time. Hence, the 
psame(τ) calculated by the equation above from all observed bursts 
is only an average value. Recurrence FRET efficiency histograms 
were obtained by first selecting photon bursts from a small trans-
fer efficiency range (∆E = (0.7–0.9) for selecting mainly unfolded 
GB1; ∆E = (0.95 − 1.1) for selecting mainly folded GB1) and then 
building the FRET efficiency histogram only from bursts detected 
within a short time (the recurrence interval, T; Supplementary 
Fig. 10) after those initial bursts. Systematic variation of the 
recurrence interval allows the kinetics of interconversion between 
the subpopulations to be determined essentially in a model-free 
manner43. Note that the choice of the initial transfer efficiency 
range does not affect the relaxation time but only the amplitude of 
the transient observed43 (Supplementary Fig. 15). The fractions 
of folded molecules from recurrence FRET efficiency histograms 
starting from unfolded (∆E1) and folded molecules (∆E2) using 
recurrence analysis over a 50-ms time window were fitted with 
a model including the folding-unfolding dynamics of recurring 
molecules, which allows the relaxation time of this process to be 

extracted43. The equilibrium constant was obtained from the ratio 
of unfolded and folded fractions from the total transfer efficiency 
histogram of a RASP measurement (Fig. 4).

Microfluidic mixing. Detected photons were binned into win-
dows of 1 ms, and corrections for background, differences in 
quantum yields of the dyes, detection efficiencies, and cross-talk 
were applied. Bursts were identified using a threshold for the 
total number of detected photons per bin. Given the pronounced 
decrease in flow velocity in the first part of the observation chan-
nel corresponding to the entrance length, the threshold was varied 
as a function of the flow velocity from 21 photons per bin for the 
first recorded data point to 35 photons per bin for longer times 
after mixing to account for the differences in residence time. 
Transfer efficiency histograms show three peaks, corresponding to 
molecules lacking an active acceptor dye, unfolded GB1 (E = 0.86)  
and folded GB1 (E = 0.99), respectively. Histograms were fitted 
globally with a Gaussian and a log-normal peak function for the 
unfolded and folded populations, respectively; peak positions 

and widths were set as shared parameters and amplitudes fitted 
individually. The fraction of folded molecules was calculated 
from the relative area of the folded peak as obtained from the 
fits. The relaxation time of folding was extracted from a single 
exponential fit to the mean of three measurements. The equilib-
rium constant, Keq, for the final conditions was obtained from 
a transfer efficiency histogram of GB1 measured in a cuvette in 
50 mM sodium phosphate buffer with 80 mM GdmCl, 140 mM  
β-mercaptoethanol, and 0.01% Tween 20, pH 7. Keq and the 
relaxation time from the mixing experiment were extrapolated to  
0 M GdmCl using an m-value for folding of 1.5 kcal/mol/M 
and an m-value for unfolding of 0.4 kcal/mol/M. The m-values  
were average values taken from m-values of the single mutants 
F30L and G41A and wild-type GB1 (ref. 56).

Code availability. Data analysis was performed with a custom 
module for Mathematica (Wolfram Research), which is available 
upon request.
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